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Multiphasic Collagen Scaffolds for Engineered 
Tissue Interfaces

Alexander J. Lausch, Lester C. Chong, Hasan Uludag, and Eli D. Sone*

Hard–soft tissue interfaces pose unique challenges for regeneration due to 
architectural, mechanical, and compositional changes between tissues, which 
are difficult to incorporate into tissue engineering scaffolds. Multiphasic scaf-
folds are needed to better mimic structural and chemical changes through 
the incorporation of layers with distinct properties. A particular challenge 
in the production of multilayered constructs is achieving cohesion between 
layers. Herein, a novel system is developed, which combines sequential 
collagen self-assembly and diffusion gradients in mineralization to produce 
multiphasic collagen scaffolds that have intrinsic connectivity and porosity 
between layers, with no need for adhesives or heat treatments. The scaffolds 
incorporate mineralized layers, wherein the mineralized collagen fibrils have 
intrafibrillar oriented mineral resembling bone, alongside unmineralized 
layers. The interface between mineralized and unmineralized layers is sharp 
and well defined, with nonmineralized fibrils inserting into the mineralized 
layer to create mechanical interlock and cohesion. Inspired by the complex 
architecture of the periodontal attachment apparatus (bone–ligament–
cementum), it is demonstrated that the model system can be applied to the 
development of a trilayered collagen scaffold with potential for periodontal 
regeneration.
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(pore size, material, etc.) and/or compo-
sition (cells, molecules, etc.) either over 
a gradient or by compartmentalization 
have been explored and these studies have 
been reviewed comprehensively.[6,11–16] 
In particular, multiphasic scaffolds 
are well suited for the regeneration of 
periodontal tissues (bone–ligament–
cementum), wherein tissue-specific 
layers can be constructed and surgically 
implanted to guide regeneration and tooth 
reattachment.[17–22]

A key requirement of a multilayered 
scaffold is strong cohesion between the 
specific layers,[6] preventing delamina-
tion, while maintaining interconnectivity 
to allow for cell migration and diffusion. 
Most multiphasic scaffolds fail to address 
this issue. Biocompatible adhesives such 
as fibrin glue can be used[2,5,23]; however, 
they almost certainly reduce connectivity 
and their degradation in vivo can result 
in delamination. Heat pressing can be 
used with some synthetic polymers, but 
is not compatible with cell delivery and 

cells must be seeded after assembly.[21,24] Electrospun layers of 
collagen attached with cell sheet technology have been devel-
oped for osteochondral applications,[3] but this approach is 
limited by dimensional restrictions. 3D-printing methods can 
also result in adhesion between layers; however, even the best 
printers are limited by their resolution and are not yet able to 
print features in the range of typical extracellular matrix com-
ponents (e.g., collagen fibrils ≈100 nm).[18,20,22]

Fibrillar collagen is the main protein constituent of almost 
every connective tissue and has been shown to induce osteo-
genic differentiation in bone marrow cells through integrin 
interactions.[25–27] Not surprisingly, multiphasic collagen scaf-
folds have been explored previously for osteochondral engi-
neering.[1,2,4,7,10,28] However, most collagen-based scaffolds 
for bone/cartilage regeneration do not contain fibrillar col-
lagen,[1,28–33] and instead use lyophilized collagen solutions (or 
slurries containing hydroxyapatite (HA) powders or glycosami-
noglycans) to create scaffolds. The resulting structure, though 
porous, does not resemble native collagen.

The incorporation of hydroxyapatite into collagen-based 
scaffolds improves mechanical properties[34–36] and further 
encourages bone formation.[37,38] In vivo, the collagen fibrils 
of mineralized tissues are fully infiltrated with aligned plate-
lets of hydroxyapatite. Polyelectrolytes such as polyaspartic acid 
(pAsp),[39–42] polyacrylic acid,[43] and poly(allylamine)[44] have 

Regenerative Medicine

1. Introduction

Biological tissue interfaces allow for a functional transition or 
attachment between distinct tissues. In connective tissues these 
interfaces can occur between hard and soft tissues such as in 
osteochondral zones,[1–7] tendon entheses,[8] and ligament inser-
tions.[9,10] Restoring connectivity at tissue interfaces is often nec-
essary following injury or disease. Tissue engineering of such 
interfaces is particularly difficult due to differences in tissue 
architecture, cell population, and mechanical properties. Multi-
phasic scaffolds that exhibit inherent changes in architecture 
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been shown to direct intrafibrillar mineralization in vitro. Such 
biomimetic mineralization pathways are now being explored in 
the context of scaffolds for bone tissue engineering. Cell culture 
studies have demonstrated clear benefits of biomimetic mineral-
ized collagen. For example, cells cultured on intrafibrillar min-
eralized collagen exhibit increased proliferation and osteoblastic 
differentiation over traditionally mineralized (extrafibrillar min-
eral), and unmineralized collagen.[45,46] Similarly, Ye et al. dem-
onstrated that biomimetic mineralized collagen (intrafibrillar and 
extrafibrillar mineral) promotes cell adhesion, proliferation, and 
differentiation of human umbilical cord stem cells.[47] Despite 
the clear benefit of biomimetic mineralized collagen for bone (or 
other mineralized tissues) regeneration, no studies have incor-
porated intrafibrillar mineralization into multilayered scaffolds. 
Moreover, few studies have investigated the macroscale mineral 
distribution in in vitro mineralized scaffolds, likely due to the dif-
ficulty in creating fully mineralized scaffolds; diffusional limita-
tions often result in significant surface mineralization, inhibiting 
bulk mineralization,[48–50] which is a limitation for bone regen-
eration. Similarly, the effect of fixation has not been thoroughly 
investigated, which is important for scaffold stabilization as it 
enhances mineralization[36] and reduces antigenicity.[51]

Here we show the development of multiphasic collagen scaf-
folds for the regeneration of hard–soft tissue interfaces. Our 
scaffolds are produced using an in-well mineralization system 
that allows us to create interconnected, mineralized–unminer-
alized layers and have spatial control over mineralization using 
a combination of diffusion and layering. We show that our 
mineralized collagen closely resembles native mineralized tis-
sues and that our system results in inherent cohesion between 
layers. As a proof of principle, we demonstrate a scaffold 
designed to mimic the periodontium—the set of tissues which 
anchors the tooth (bone, ligament, and cementum).

2. Results

2.1. Collagen Gelation and Mineralization

To create porous collagen scaffolds, we casted gels of acid-soluble, 
type I collagen from rat tail tendon, via ammonia vapor diffusion, 

in cylindrical molds (d = 7 mm; h = 10 mm). pH-mediated self-
assembly results in the formation of fibrillar collagen gels with 
customizable size and shape. Collagen gels were crosslinked, 
washed, frozen, and lyophilized for scanning electron micro-
scopic (SEM) analysis. From Figure 1, it is immediately clear 
that the scaffolds are entirely fibrillar with fibril diameters 
(70–100 nm) in the lower range for rat tail tendon.[52] The scaffold 
is sponge-like with a high degree of porosity and interconnec-
tivity (Figure 1a) with pore sizes ranging from 2 to 6 µm. Uranyl 
acetate (UA) staining of the collagen gels resembles that of native 
collagenous tissues and other reconstituted collagen models.[40,53]

To mineralize collagen gels we used a metastable solution 
of calcium and phosphate containing pAsp.[41,42,54] The min-
eralization solution itself does not precipitate homogenously 
within experimental parameters. Gels were removed from 
molds, immersed in mineralization solution at 37 °C with stir-
ring. Using backscattered electron-SEM (BSE) and transmission 
electron microscopy (TEM) we are able to characterize both the 
distribution of mineral in our scaffolds, and collagen–mineral 
relationships. Figure 2a shows BSE-SEM imaging of a mineral-
ized collagen gel. By 2 d we can see collagen fibrils beginning 
to mineralize from random locations. Collagen fibrils appear to 
swell in diameter and straighten as they mineralize. This has 
been seen in naturally mineralizing turkey tendon[55] and mouse 
cementum[56] as well as in an in vitro model of collagen biomin-
eralization.[40] The mineral is closely associated with the fibrils 
and is not found in the interfibrillar space (between fibrils). By 
TEM (Figure 2b) the mineral appears to be entirely collagen- 
associated. Electron diffraction shows that the mineral phase is 
HA and that the c-axis of the HA crystals is oriented with the long 
axis of the collagen fibril. The preferred orientation of crystals is 
seen by the presence of the [002] and [004] diffraction arcs. These 
features suggest that the mineral is intrafibrillar, as has been 
observed in electron tomography studies of mineralized collagen 
fibrils from similar solutions.[40] These results show that collagen 
structure and collagen–mineral relationships of our mineralized 
scaffolds closely resemble native mineralized collagen.

To quantify the amount of mineral present and compare the 
effect of fixation on mineralization rates, we used thermogravi-
metric analysis (TGA). Figure 3 shows TGA data for scaffolds 
fixed with glutaraldehyde or EDC and mineralized for 2–6 d in 
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Figure 1.  Fibrillar, self-assembled collagen scaffolds. a) SEM of a lyophilized collagen scaffold showing well defined fibrils and 2–6 µm pore size. 
The inset shows lower magnification image to show porosity and homogeneity. b) TEM of a collagen scaffold stained with UA showing characteristic 
banding pattern. Fibrils are ≈100–200 nm in diameter.
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a stirred beaker of mineralization solution. Initially EDC-fixed 
scaffolds mineralized faster than scaffolds fixed with glutaral-
dehyde. However, after 4 d the amount of mineral is no longer 
significantly different between the two fixation methods. By 6 d, 
all samples are 50–55 wt% mineral, which is similar to native 
bone (67 wt%)[57] and similar mineralized scaffolds.[36]

We investigated possible cytotoxicity of glutaraldehyde 
fixation by comparing cell viability of rat bone chip cells cul-
tured on unfixed and glutaraldehyde-fixed scaffolds using a 
3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide 
assay. We observed no cytotoxicity as a result of fixation over 7 d  
culture, using cells from two separate animals (see Figure S1, 
Supporting Information).

2.2. In-Well Mineralization System

We developed an in-well mineralization system to achieve better 
spatial control over mineralization by restricting the diffusion 

of mineralizing solution to one dimension (top-down).  
Additionally, this allows us to more easily characterize changes 
in mineral distribution over time. Gels were cast, mineral-
ized, and lyophilized in 24-well plates. After lyophilization 
we removed scaffolds from their wells and imaged the tops 
and cross-sections by BSE-SEM to characterize mineral distri-
bution. Figure 4a shows evidence of a surface layer, which is 
more mineralized than the bulk. This hypermineralized layer 
appears to be ≈120 µm thick by 6 d. The interface between the 
hypermineralized layer and the bulk of the scaffold is sharp and 
well defined. Clearly, all fibrils in this layer are fully mineral-
ized; however, the mineral remains intrafibrillar and there is no 
visible interfibrillar mineral (Figure 4a, inset). Energy disper-
sive X-ray spectroscopy (EDX) shows that there is a Ca:P ratio 
of 1.74 (at 10 d; Figure S3, Supporting Information), similar to 
stoichiometric HA (1.67). Figure 4b shows the middle of the 
scaffold (bulk) where mineralization seems to be occurring in 
specific fibrils but with a homogenous distribution. Surpris-
ingly, we do not observe a gradient of mineralization. In fact, 
the bottom layer has similar amounts of mineral at this time 
point to the cross-section seen in Figure 4b (not shown). How-
ever, it is possible that in thicker scaffolds a gradient would be 
present in the bulk.

2.3. Characterization of the Hypermineralized Layer

To characterize the formation of a hypermineralized layer we 
looked at cross-sections of mineralizing collagen gels (in 24-well 
plates) over time and analyzed them by SEM. We note that min-
eralization is slower in smaller wells (96-well plates) due to 
smaller volumes and decreased agitation (due to surface ten-
sion). Figure 5a shows that at 4 d of mineralization almost all 
mineral is intrafibrillar and mineralized fibrils appear smooth 
with no visible mineral growing on (extrafibrillar) or between 
(interfibrillar) fibrils. Indeed, BSE imaging shows that all fibrils 
are fully mineralized on the top surface (Figure 5a, inset). By 
6 d we start to see a spiky morphology on the fibril surfaces 
(Figure 5c). This extrafibrillar mineralization increases by 14 d;  
however, porosity is unaffected, and we see no evidence of 
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Figure 2.  Electron microscopic images of collagen scaffolds mineralized for 2 d. a) BSE image revealing mineralized fibrils. The bright contrast seen 
in specific fibrils is indicative of mineralization due to increased backscatter signal from the presence of hydroxyapatite. Unmineralized fibrils appear 
dull grey. b) TEM shows individual crystals within the collagen fibril. Selected area diffraction reveals oriented crystals of hydroxyapatite with the c-axis 
aligned with the long axis of the collagen fibril. The inset shows lower magnification to show intrafibrillar mineralization in many fibrils.

Figure 3.  Thermogravimetric analysis of EDC or glutaraldehyde fixed 
scaffolds mineralized in CaP1 for 2, 4, and 6 d shows that after 4 d the 
mineral content between scaffolds is no longer significantly different. 
Error bars show standard deviation (n = 3), and asterisk indicates signifi-
cance. Mineral content for all conditions is significantly different except 
between EDC and Glut at 4 and 6 d.
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interfibrillar mineral (mineral forming between fibrils). We also 
see that the thickness of the hypermineralized layer increases 
with time. At 4 d, the layer is ≈60 µm thick, increasing to 
≈500 µm by 6 d and greater than 700 µm at 14 d. We note that 
the thickness of the layer is greater at the meniscus, due to 
greater surface area for diffusion. At all time points the inter-
face between the hypermineralized layer and the bulk is sharp 
and well defined. These results show that the hypermineral-
ized layer increases in thickness over time but at all time points 
mineralization remains intrafibrillar and/or extrafibrillar, with 
no mineral forming between fibrils.

2.4. Multiphasic Scaffold

Our well-plate system allows us to manufacture multilayered 
scaffolds, with control over spatial distribution of the mineral-
ized collagen, as well as the thickness and number of layers. 
After gelation and fixation, additional layers can be incorpo-
rated by gelling acid soluble collagen on top of the gel. Figure 6 
shows a hydrated scaffold after gelation of a second layer. Alcian 
blue stain was added to acid soluble collagen before gelation 
in order to make the interface visible. The connection between 
layers does not fracture preferentially along the interface when 
compressed with a scoopula, indicating that the mechanical 
properties are similar throughout the scaffold regardless of the 
incorporation of added layers.

To create biphasic scaffolds, acid soluble collagen was gelled 
on a premineralized scaffold. We characterized the interface 
using SEM analysis of scaffold cross-sections. Figure 7 shows 
a biphasic scaffold consisting of a 6 d mineralized layer and 
an unmineralized layer. Clearly the interface between the two 
layers is very sharp, as seen in the hydrated scaffold seen in 
Figure 6. There appears to be little to no dissolution of the 
mineral phase through the addition of the second layer. Most 
importantly, the higher magnification seen in Figure 7c shows 
unmineralized fibrils of the second layer interdigitating with 
the mineralized layer, creating mechanical interlock. No min-
eralized fibrils appear in the unmineralized layer (Figure 7d). 

These results show that through the addition of a second layer 
we can create continuous, interconnected multiphasic scaf-
folds incorporating multiple phases. We note that the apparent 
change in pore size in the unmineralized layer is an artifact of 
lyophilization, where the nonmineralized layer is more prone 
to collapse.

2.5. Triphasic Scaffold for Periodontal Regeneration

The periodontium is a unique set of connective tissues 
and is comprised of bone, periodontal ligament (PDL), and 
cementum. To create a scaffold that resembles the architec-
ture of the periodontium we incorporated a third layer by 
taking advantage of the formation of a hypermineralized layer. 
After incorporating a second unmineralized layer (as seen in  
Figure 7), the top, unmineralized layer was mineralized for a 
short period of time. Figure 8 shows BSE imaging of the inter-
face between the mineralized (bone) and unmineralized (PDL) 
compartments. The bone compartment was mineralized for 
10 d, and the third layer was mineralized for 4 d. The inset 
shows the top surface of unmineralized compartment, where 
all collagen fibrils on the surface have mineralized. With the 
exception of this thin surface layer no mineralization is seen 
in the PDL layer (not shown). We note that the hypermineral-
ized layer of the bone compartment is thinner than expected 
by 10 d as is compared in Figure 7. However, as previously 
stated, mineralization in 96-well plates is slightly slower due 
to decreased agitation and it is possible that some dissolution 
occurred due to the incorporation of the second layer. The 
intrafibrillar mineralization seen in the bone compartment 
continues through the entire thickness of the compartment 
(≈1 mm, not shown).

3. Discussion

We show the development of biomimetic, stratified, 
collagen scaffolds for the regeneration of hard–soft tissue 
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Figure 4.  BSE micrographs of collagen scaffolds mineralized in 24-well plates for 6 d (cross sections). a) An overview of the cross-section revealing a 
hypermineralized layer on the surface (top left). Arrows delineate the boarders of the hypermineralized layer, which is ≈120 µm thick. The inset shows 
the top surface of the hypermineralized layer that is fully mineralized. We note that the upper (top left) half of this layer appears less mineralized than 
the lower half. This is an artifact of sample preparation where the fracture plane is not exactly flat; the different angle results in less signal in the top 
half. High magnification images confirm this (not shown). b) Higher magnification of the bulk (middle of scaffold), which is significantly less mineral-
ized than the hypermineralized layer. The mineralization is homogenous, and we do not see evidence of a gradient.
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interfaces. Specifically, we designed a trilayered scaffold that 
resembles the periodontium, the set of tissues (bone, liga-
ment, and cementum), which is responsible for tooth attach-
ment. Our well-plate mineralization system gives us spatial 
control over mineralization, as well as control over the number 
of layers and their thicknesses, allowing us to tailor individual 
compartments for the regeneration of specific tissues. The min-
eralized collagen itself closely mimics native mineralized col-
lagen fibrils, a feature which has been shown to promote cell 
differentiation and bone formation.[45,46] Further, our scaffolds 
have intrinsic connectivity and porosity, allowing us to combine 
any number of layers together with no need for adhesives or 
other techniques. These scaffolds are potentially suited for any 

hard–soft tissue interface such as tendon entheses, ligament 
insertions, osteochondral zones, or the periodontium.

Creating fully mineralized collagen scaffolds is inherently 
challenging due to diffusional limitations, which often result 
in significant surface mineralization. Not surprisingly, sur-
face mineralization slows or eliminates mineralization in the 
bulk.[48,49,58] Wang et al. showed an ≈15 µm thick mineral layer 
on the surface of a mineralizing tissue-like collagen matrix.[48] 
This layer was nonporous and inhibited diffusion of ions into 
the bulk of the collagen matrix. Li et al. have been successful 
in creating 100 µm thick fully mineralized scaffolds, but larger 
scaffolds still present a challenge.[36] An advantage of our in-
well mineralization system is the ease of analyzing mineral 
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Figure 5.  SEM micrographs showing the development of a hypermineralized layer over 4, 6, and 14 d of mineralization. Left-hand images ((a), (c), and 
(e)) are secondary electron images showing the morphology of the top surface of the scaffold (insets show BSE). At 6 d we start to see some extrafibrillar 
mineral, evidenced by the development of a spiky morphology on mineralized fibrils. No mineral is seen between fibrils even at 14 d. Right-hand images 
((b), (d), and (f)) show BSE of the interface between the hypermineralized layer and the bulk (cross-section). Insets are lower magnification to show 
thickness of the hypermineralized layer. We note that (b) has no inset since the full thickness is apparent. Thickness increases over time from ≈60 µm 
to over ≈700 µm by 14 d. The border between the hypermineralized layer and the bulk is sharp and well defined, as indicated by arrows.
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distribution, as a function of depth (from the surface). We 
expected that our system would result in a gradient of min-
eralization, with the maximum amount being found on the 
surface (which directly contacts the mineralization solution). 
Instead, we see the formation of a hypermineralized surface 

layer, below which the bulk seems to mineralize homog-
enously, albeit at a slower rate. Since the mineral predomi-
nately forms in the intrafibrillar space, the scaffold remains 
porous, allowing diffusion of ions into the scaffold freely. 
This allows the full thickness (≈2 mm) of the scaffold to min-
eralize, an important aspect when creating scaffolds for bone 
regeneration.

Hypermineralization of the surface layer could be explained 
by the formation of calcium phosphate aggregates, which are 
known to form in solutions with pAsp,[59] as shown schemati-
cally in Figure 9. This amorphous phase (possibly a polymer 
induced liquid precursor phase[39]) diffuses more slowly than 
free pAsp and Ca2+/PO4

3- ions, and thus will contribute directly 
to the intrafibrillar mineralization of the surface. Meanwhile, 
free (nonaggregated) pAsp and Ca2+/PO4

3− ions diffuse into 
the bulk of the scaffold and form aggregates, which results in 
intrafibrillar mineralization of the bulk. This could explain why 
the rate of mineralization at the surface layer is much faster 
than the bulk, as the precipitation of a mineral phase within 
the bulk gel will reduce calcium and phosphate concentrations, 
which are limited by diffusion. This is supported by the work of 
Olszta et al. who looked at the diffusion of fluorescently labeled 
pAsp into tendon.[39] They found pAsp penetration depths 
greater than 500 µm, after which there was a sharp “falloff” in 
intensity. We observe a similar effect in mineralization depth 
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Figure 6.  Optical image of bilayer collagen gels indicating the sharp 
interface and connection between layers. Blue layer contains Alcian blue.

Figure 7.  SEM micrographs of a biphasic collagen scaffold with a mineralized layer (6 d) and an unmineralized layer by both secondary (left) and 
BSE (right) imaging (cross-section). a) The sharp interface between the layers, indicated by the arrow. We note that the collagen density is the same in 
both layers; the appearance that the unmineralized layer is less dense is an artifact of lyophilization. b) The mineral distribution, which is restricted to 
the mineralized compartment. c) A higher magnification of the same area. Unmineralized fibrils are seen inserting into the mineralized layer creating 
mechanical interlock. The scaffold remains continuous and interconnected between layers. (d) emphasizes how shard the interface is and confirms 
that mineral is restricted to the one layer.
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of the hypermineralized layer, where there is a sharp interface 
between the hypermineralized layer and the bulk.

Our novel fabrication system enables us to create layered 
mineralized–unmineralized constructs. Taking advantage of 
the in-well mineralization system we can incorporate additional 
layers by pipetting new acid soluble collagen onto premineral-
ized gels and slowly raising the pH. This method is similar to 
the work of Al-Munajjed et al.[28] and Levingstone et al.[1] who 

use collagen slurries that are frozen and lyophilized together 
to create multilayered constructs, which may be interconnected 
(not well characterized). However, the structure and mineral 
phase poorly reflect native tissues. Using our system, adjacent 
layers have inherent connectivity and continuous porosity that 
adhere together by mechanical interlock. Presumably, when 
acid soluble collagen is added to the well, it begins to diffuse 
into the first layer. Mineral dissolution during this time seems 
minimal. As the pH begins to rise as a result of the ammonia 
atmosphere, the collagen begins to self-assemble, forming 
fibrils that traverse the interface between the two layers. The 
connection between layers is not noticeably weaker than  
the bulk scaffold itself and does not break preferentially at 
the interface. This allows for intimately associated layers with 
intrinsic connectivity and maintained porosity, with no need for 
adhesives or heat treatments.

Incorporating layers using buffer neutralization (rather than 
ammonia neutralization) will make this system compatible with 
cell, vector, and growth factor delivery, allowing for layers to be 
gelled together, preseeded with the appropriate molecule and/or  
cell populations. This has the potential to simplify manufac-
turing techniques. However, the rate of gelation is an impor-
tant factor in interlayer cohesion; faster gelling techniques may 
make cohesion more difficult to achieve. As such control over 
the rate of buffer neutralization would be necessary. Similarly, 
pore sizes could be tailored for specific cell populations relevant 
to the specific layer using different porogens.

The development of a hypermineralized layer in our system 
allows for the production of thin mineralized layers. In doing 
so, we can create trilayered structures that incorporate two min-
eralized compartments surrounding an unmineralized inner 
compartment. Such scaffolds are particularly well suited to 
periodontal regeneration, as the periodontium consists of bone, 
periodontal ligament, and cementum, a thin mineralized tissue 
contacting the tooth root. Such scaffolds can mimic the compli-
cated architecture of the periodontium and provide appropriate 
mechanical properties to help guide hard and soft tissue regen-
eration. This system can also be used to create scaffolds tailored 
to other purposes such as osteochondral defects. The incorpo-
ration of mineralization proteins or peptides to the bone and 
cementum compartments could be used to gain further spatial 
control over mineralization. Additionally, possible incorpora-
tion of specific cells, growth factors, and/or vectors could fur-
ther promote tissue regeneration in each compartment.

4. Conclusions

Here we show a trilayered scaffold resembling the periodon-
tium, which incorporates individual compartments for the 
regeneration of bone, periodontal ligament, and cementum. 
The in-well mineralization/assembly system described allows 
for the creation of successive layers that incorporate biomimetic 
mineralization and potentially other desired additives into spe-
cific layers. Further, the system results in intrinsic cohesion 
between layers, and does not require adhesives or other treat-
ments to maintain the integrity of the scaffold. In the future 
this system can be made compatible with cell, peptide, growth 
factor, or gene delivery. Although this work is inspired by the 
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Figure 8.  BSE micrograph of a triphasic collagen scaffold resembling the 
periodontium. The interface between the premineralized bone compart-
ment and the unmineralized periodontal ligament compartment is shown 
(cross-section). The inset shows the presence of a thin mineralized layer 
on the top of the PDL compartment for the regeneration of cementum 
(top view). The bone compartment was mineralized for 10 d and the 
cementum compartment for 4 d.
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Figure 9.  Schematic showing the proposed mechanism for the formation 
of a hypermineralized layer in mineralizing collagen gels. Calcium and 
phosphate ions form amorphous aggregates with pAsp in solution, which 
result in the intrafibrillar mineralization of the surface. These aggregates 
slow to diffuse into the gel. Nonaggregated ions and pAsp molecules 
diffuse into the bulk, and form aggregates from within the gel, resulting 
in bulk mineralization (intrafibrillar). However, ion depletion results in a 
slower mineralization than on the surface. These two mechanisms result 
in two rates of mineralization.
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periodontium, this approach is well suited for any tissue inter-
face and has the potential to improve therapeutic outcomes for 
a variety of tissue regeneration applications.

5. Experimental Section
All chemicals were purchased from Sigma-Aldrich (Oakville, ON, 
Canada) unless otherwise specified. Water used in experiments was 
either distilled (dH2O) or deionized (Milli-Q; Millipore, USA). Rat tail 
tendons were donated from other labs after the sacrifice of control 
animals. All animal protocols for the collection of rat tails were approved 
by the Animal Care Committee at the University of Toronto and 
conducted according to their guidelines.

Collagen Extraction and Purification: Type I collagen was extracted from 
rat tail tendons via acid dissolution. All reagents, tools, and vessels were 
autoclaved prior to the procedure. Briefly, rat tail tendons were surgically 
extracted from rat tails using bone snips and surgical scissors in a 
sterile, laminar flow hood. Tendons were washed in 50 mL conical tubes 
by centrifugation at 5500 rpm at 4 °C for 5 min to pellet the tendons. 
Washing was done in phosphate buffered saline (Dulbecco’s 1X 
phosphate buffered saline (PBS), three times) followed by 4 M NaCl, and 
PBS again (three times). Tails were then dissolved in 0.5 M acetic acid 
(Caledon Laboratory Chemicals, ON, CAN) at ≈75 mL per tail for 24 h 
at 4 °C. The resulting viscous solution was centrifuged at 14 000 rmp 
and 4 °C for 120 min. The supernatant was collected and reprecipitated 
by adding 4 M NaCl to a final concentration of ≈700 × 10−3 M NaCl. 
Reprecipitation was allowed to occur for >4 h, stirred. The collagen 
was then centrifuged for 15 min at 6000 rpm and 4 °C to collect the 
precipitated collagen (pellet). The precipitate was redissolved in 0.5 M 
acetic acid overnight (≈1.8 L acid/200 g pellet). The resulting solution 
was dialyzed against 50 × 10−3 M acetic acid over 3 d to remove salt, 
changing the dialysate regularly. The purified collagen solution was 
then centrifuged at 14 000 rpm and 4 °C for 120 min to remove any 
undissolved collagen. Collagen solution was then transferred to 50 mL 
conical tubes and lyophilized. Lyophilized collagen was stored at −20 °C 
and redissolved in acetic acid to desired concentrations.

Scaffold Manufacturing: Collagen scaffolds were produced by gel 
casting in 24 or 96-well plates (Sarstedt, DK). Briefly, collagen was 
dissolved in 0.5 M acetic acid at 3 mg mL−1. Collagen solution was 
degassed under vacuum until no bubbles were visible (≈30 min) and 
cooled to 4 °C. Acid soluble collagen was pipetted into each well. 
Volumes were chosen based on the application and the size of well. 
Plates were placed in an ammonia environment for 30–45 min for 
gelation to occur. Collagen gels were washed extensively (>24 h) in 
dH2O to remove ammonium hydroxide. Gels were fixed by with 0.6% 
glutaraldehyde for 0.5–1 h or with a ten times molar excess of EDC in 
0.1 M 2-(N-morpholino)ethanesulfonic acid (Cova Chem, USA) with 
75 × 10−3 M NaCl and pH 4.5 overnight. After fixation, gels were washed 
extensively in dH2O (24–48 h) to remove excess fixative. Mineralization 
was done using a previously reported mineralization solution[41] 
containing 125 µg mL−1 polyaspartic acid (molecular weight = 14 kDa, 
Alamanda Polymers, AL, USA) and buffered to pH 7.4 at 37 °C with  
50 × 10−3 M Tris. Ion concentrations were as follows: 133 × 10−3 M Na+, 
2.5 × 10−3 M K+, 1.7 × 10−3 M Ca2+, 123 × 10−3 M Cl−, and 9.1 × 10−3 M Pi.  
Mineralization solution was filtered through 0.2 µm syringe filters prior 
to use. Gels were mineralized on a rocker at 37 °C (for agitation) and 
100% relative humidity. Mineralization solution was changed often 
during the first 24 h and every 1–2 d thereafter. After mineralization, gels 
were washed extensively to remove salts. Gels were frozen in-well, in a 
dry ice, 2-propanol bath (–80 °C) and then transferred to liquid nitrogen. 
Frozen gels were lyophilized overnight.

Adding Layers: To incorporate additional layers, acid soluble collagen 
was gelled in contact with first layer, which could be mineralized or 
unmineralized. Ammonium hydroxide was pipetted into interwell 
spaces or adjacent empty wells prior to pipetting second layer. Acid 
soluble collagen (3 mg mL−1, 0.5 M acetic acid) was pipetting to desired 

thickness onto first layer. The lid was parafilmed in place, allowing for a 
space above the wells between the lid to allow gas diffusion. Collagen 
was gelled in the ammonia atmosphere for 30–45 min. Plates were 
washed copiously in distilled water. The second layer was fixed in 
0.6% glutaraldehyde for 10 min. Gels were washed extensively again in 
distilled water for at least 24 h.

Electron Microscopy: For SEM, lyophilized scaffolds were mounted 
on aluminum stubs with carbon tape and coated with a visible 
thickness of carbon. Imaging was done on a Hitachi SU3500 SEM with 
a backscattered electron detector. Imaging was done at 5 kV, using 
aperture 3 and a spot size of 35. EDX was performed on an Oxford 
Instruments, 80 mm square EDS X-Max Detector, with the AZtec 
software package.

For TEM, hydrated scaffolds were homogenized with a razor blade. 
Scaffold homogenate was incubated on nickel TEM grids supported 
with carbon-coated formvar for 2 min to allow collagen fibrils to adhere. 
Excess material and water was wicked away and grids were air dried and 
stored for analysis. Imaging was done on an FEI Tecnai 20 TEM with 
an AMT 1600 side mount camera operating at 200 kV. Uranyl acetate 
staining was done by incubating grids on two changes of Milli-Q followed 
by two changes of 2% uranyl acetate followed by a 5 min staining period. 
Grids were washed through three changes of Milli-Q water, air dried, and 
stored for imaging.

Thermogravimetric Analysis: For TGA, samples were washed to remove 
excess salts and lyophilized. TGA was done on a TA Instruments Q500. 
Samples were heated to under air from room temperature to 105 °C 
where the temperature was held for 5 min to remove residual water. 
Sample temperature was then ramped to 700 ˚C. The mass at 660 °C 
was taken as the total inorganic mass.[36] Weight percent of mineral 
was compared between EDC and glutaraldehyde-fixed scaffolds (n = 3). 
Significance was determined by 1-way ANOVA analysis with a Tukey post 
hoc test (α = 0.05).

Supporting Information
Supporting Information is available from the Wiley Online Library or 
from the author.
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